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ABSTRACT: In the current X-ray crystallographic structural models of photosystem II, Glu354 of the CP43
polypeptide is the only amino acid ligand of the oxygen-evolvingMn4Ca cluster that is not provided by theD1
polypeptide. To further explore the influence of this structurally unique residue on the properties of the
Mn4Ca cluster, the CP43-E354Q mutant of the cyanobacterium Synechocystis sp. PCC 6803 was character-
ized with a variety of biophysical and spectroscopic methods, including polarography, EPR, X-ray
absorption, FTIR, and mass spectrometry. The kinetics of oxygen release in the mutant were essentially
unchanged from those in wild type. In addition, the oxygen flash yields exhibited normal period four
oscillations having normal S state parameters, although the yields were lower, correlating with the mutant’s
lower steady-state rate (approximately 20% compared to wild type). Experiments conducted with H2

18O
showed that the fast and slow phases of substrate water exchange in CP43-E354Q thylakoid membranes were
accelerated 8.5- and 1.8-fold, respectively, in the S3 state compared to wild type. Purified oxygen-evolving
CP43-E354Q PSII core complexes exhibited a slightly altered S1 stateMn-EXAFS spectrum, a slightly altered
S2 state multiline EPR signal, a substantially altered S2-minus-S1 FTIR difference spectrum, and an unusually
long lifetime for the S2 state (>10 h) in a substantial fraction of reaction centers. In contrast, the S2 state
Mn-EXAFS spectrum was nearly indistinguishable from that of wild type. The S2-minus-S1 FTIR difference
spectrum showed alterations throughout the amide and carboxylate stretching regions. Global labeling
with 15N and specific labeling with L-[1-13C]alanine revealed that the mutation perturbs both amide II and
carboxylate stretching modes and shifts the symmetric carboxylate stretching modes of the R-COO- group of
D1-Ala344 (the C-terminus of the D1 polypeptide) to higher frequencies by 3-4 cm-1 in both the S1 and S2
states. The EPR and FTIR data implied that 76-82% of CP43-E354Q PSII centers can achieve the S2 state
and that most of these can achieve the S3 state, but no evidence for advancement beyond the S3 state was
observed in the FTIR data, at least not in a majority of PSII centers. Although the X-ray absorption and EPR
data showed that the CP43-E354Q mutation only subtly perturbs the structure and spin state of the Mn4Ca
cluster in the S2 state, the FTIR and H2

18O exchange data show that the mutation strongly influences other
properties of the Mn4Ca cluster, altering the response of numerous carboxylate and amide groups to the
increased positive charge that develops on the cluster during the S1 to S2 transition and weakening the binding
of both substrate water molecules (or water-derived ligands), especially the one that exchanges rapidly in the
S3 state. The FTIR data provide evidence that CP43-Glu354 coordinates to the Mn4Ca cluster in the S1 state
as a bridging ligand between two metal ions but provide no compelling evidence that this residue changes
its coordination mode during the S1 to S2 transition. The H2

18O exchange data provide evidence that CP43-
Glu354 interacts with the Mn ion that ligates the substrate water molecule (or water-derived ligand) that is in
rapid exchange in the S3 state.

The light-driven oxidation of water in photosystem II (PSII)1

produces nearly all of the O2 on Earth and drives the production
of nearly all of its biomass. Photosystem II is an integral

membrane protein complex that is located in the thylakoid
membranes of plants, algae, and cyanobacteria. It is a homo-
dimer in vivo, having a total molecular mass of over 700 kDa.
Each monomer consists of at least 20 different subunits and
contains over 60 organic and inorganic cofactors including 35
Chl a and 12 carotenoid molecules. Each monomer’s primary
subunits include the membrane spanning polypeptides CP47
(56 kDa), CP43 (52 kDa), D2 (39 kDa), and D1 (38 kDa) and
the extrinsic polypeptide PsbO (26.8 kDa). The D1 and D2
polypeptides are homologous and together form a heterodimer at
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the core of each monomer. Within each monomer, the CP47
and CP43 polypeptides are located on either side of the D1/D2
heterodimer and serve to transfer excitation energy from the
peripherally located antenna complex to the D1/D2 heterodimer
and specifically to the photochemically active Chl a multimer
known as P680 (1-6).

The O2-evolving catalytic site consists of a pentanuclear metal
cluster containing four Mn ions and one Ca ion. The Mn4Ca
cluster accumulates oxidizing equivalents in response to photo-
chemical events within PSII and then catalyzes the oxidation
of two molecules of water, releasing one molecule of O2 as a
byproduct (7-11). The Mn4Ca cluster serves as the interface
between single-electron photochemistry and the four-electron
process of water oxidation. The photochemical events that
precede water oxidation take place in the D1/D2 heterodimer.
These events are initiated by the transfer of excitation energy to
P680 following capture of light energy by the antenna complex.
Excitation of P680 results in the formation of the charge-separated
state, P680

•þPheo•-. This light-induced separation of charge is
stabilized by the rapid oxidation of Pheo•- by QA, the primary
plastoquinone electron acceptor, and by the rapid reduction of
P680

•þ by YZ, one of two redox-active tyrosine residues in PSII.
The resulting YZ

• radical in turn oxidizes the Mn4Ca cluster,
while QA

•- reduces the secondary plastoquinone, QB. Subse-
quent charge separations result in further oxidationof theMn4Ca
cluster and in the two-electron reduction and protonation of
QB to form plastoquinol, which subsequently exchanges into the
membrane-bound plastoquinone pool. During each catalytic cycle,
two molecules of plastoquinol are produced at the QB site, and
theMn4Ca cluster cycles through five oxidation states termed Sn,
where “n” denotes the number of oxidizing equivalents that are
stored (n = 0-4). The S1 state predominates in dark-adapted
samples. Most interpretations of Mn XANES and EPR data
have concluded that the S1 state consists of twoMn(III) and two
Mn(IV) ions and that the S2 state consists of one Mn(III) and
three Mn(IV) ions (11-14). The S4 state is a transient inter-
mediate. Its formation triggers the rapid oxidation of the two
substrate water molecules, the regeneration of the S0 state, and
the release of O2.

Refined X-ray crystallographic structural models of PSII are
available at 3.5 (1), 3.0 (2), and 2.9 Å (5). These models, plus less
complete models at somewhat lower resolutions (15, 16), provide
views of the Mn4Ca cluster and its ligation environment, includ-
ing one to two catalytically essential Cl- ions that are located
6-7 Å distant. However, there are significant differences between
these views. For example, in the 2.9 and 3.0 Å structural models,
most of the carboxylate ligands are bidentate and the R-COO-

group of D1-Ala344 (the C-terminus of the D1 polypeptide)
ligates the Mn4Ca cluster, whereas in the 3.5 Å structural model,
most of the carboxylate ligands are unidentate and the R-COO-

group of D1-Ala344 ligates no metal ion. One reason for these
differences is that the resolutions of the diffraction data are

limited. A second reason is that the Mn(III/IV) ions of the
Mn4Ca cluster were undoubtedly reduced by X-ray generated
radicals to their Mn(II) oxidation states during collection of
the X-ray diffraction data (17, 18). This reduction would have
disrupted the cluster’sMn-O-Mnbridgingmoieties and altered
Mn-ligand interactions. Consequently, the structures of the
Mn4Ca cluster depicted in the X-ray crystallographic models
represent unknown superimpositions of native and disrupted
Mn4Ca clusters, with the metal ions in the latter being retained in
the vicinity of their native positions by virtue of the crystals being
kept frozen at 100K during data collection. Importantly, none of
the crystallographic structural models is fully compatible with
polarized EXAFS studies of single crystals of PSII that were
conducted with low X-ray fluxes that minimize photoreduction
of the Mn ions (19).2 Nevertheless, the existing crystallographic
studies agree with each other, and with the earlier mutagenesis
studies (20), on the identity ofmost of theMn4Ca cluster’s amino
acid ligands. Furthermore, the structure of PSII outside the
immediate environment of the Mn4Ca cluster should be largely
unaffected by the radiation-induced reduction of the cluster’s
Mn ions. Consequently, the existing crystallographic structural
models are serving as valuable guides for spectroscopic studies
designed to provide insight into the structure, dynamics, and
mechanism of the Mn4Ca cluster throughout its catalytic cycle.

To satisfy the very severe energetic andmechanistic constraints
of oxidizing water, the Mn4Ca cluster’s reactivity in each of its
oxidation states is tightly controlled by its protein environment.
The amino acid residues in this environment choreograph the
proton and electron reactions associated with water oxidation
and play important roles in the delivery of substratewater and the
release of O2 and protons. In particular, these residues minimize
the energetic requirements for water oxidation by coupling the
requisite proton and electron extraction reactions (7, 13, 21, 22),
minimize deleterious side reactions by preventing unregulated
access of water to the Mn4Ca catalyst (23), and minimize oxi-
dative damage by promoting rapid egress of newly formed
O2 (24). Understanding the influence on the Mn4Ca cluster of
specific residues in this environment is crucial to understanding
the mechanism of water oxidation in PSII.

This study focuses on Glu354 of the CP43 polypeptide.3 In all
of the current X-ray crystallographic structural models, this
residue is depicted as being a ligand to the Mn4Ca cluster and
is the only amino acid ligand of the cluster that is not provided by
theD1 polypeptide. In the 3.5 Å model, this residue is a bidentate
ligand of a single Mn ion [Mn(3)]. In the 3.0 and 2.9 Å models,
this residue bridges two Mn ions [Mn(2) and Mn(3)], including

1Abbreviations: Chl, chlorophyll; EDTA, ethylenediaminetetraacetic
acid; EPR, electron paramagnetic resonance; EXAFS, extended X-ray
absorption fine structure; FTIR, Fourier transform infrared; MES,
2-(N-morpholino)ethanesulfonic acid; NTA, nitrilotriacetic acid; P680,
chlorophyll multimer that serves as the light-induced electron donor in
PSII; Pheo, pheophytin; PSII, photosystem II; QA, primary plastoqui-
none electron acceptor; QB, secondary plastoquinone electron acceptor;
RH, relative humidity; XANES, X-ray absorption near edge structure;
YZ, tyrosine residue that mediates electron transfer between the Mn4Ca
cluster and P680

þ•; YD, second tyrosine residue that can reduce P680
þ• in

PSII.

2An X-ray crystallographic structural model of PSII at 1.9 Å was
recently reported at the 15th International Congress of Photosythesis
in Beijing, China, by J.-R. Shen, Y. Umena, K. Kawakami, and
N. Kamiya (poster PS6.5). In addition to being obtained at much higher
resolution than in previous studies, the diffraction data were obtained
with much lower X-ray fluxes in order to minimize radiation-induced
reduction of the Mn(III/IV) ions. To a large extent, the coordination
modes of the ligating amino acid residues in this model appear to
resemble those in the 3.0 and 2.9 Å structural models, but the new
model’s compatibility with the polarized EXAFS studies of single crys-
tals is not known as of this writing.

3Multiple numbering systems are in use for CP43 (25). The different
numbering systems arise because psbC (the gene encoding CP43) has an
unusual start codon, becauseCP43 is posttranslationally processed at its
amino terminus, and because, in Synechocystis sp. PCC 6803, there is a
deletion of one residue at position 7 compared to the amino acid
sequences of CP43 in other organisms. The numbering system used
in this study is the same as that used in the X-ray crystallographic
studies (1, 2, 5).
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theMn ion that is ligated (in thesemodels) by theR-COO- group
of D1-Ala344, the C-terminus of the D1 polypeptide [Mn(2) in
these models]. The CP43-E354Q mutation severely impedes the
photoautotropic growth of the cyanobacterium Synechocystis
sp. PCC 6803 and sharply diminishes its O2-evolving activity
(26-28). To better understand the role of CP43-Glu354 in
influencing the reactivity of the Mn4Ca cluster, we have char-
acterized the CP43-E354Q mutant with a variety of biophysical
and spectroscopic methods including polarography, EPR, FTIR,
XANES, EXAFS, and mass spectrometry, the latter to measure
the exchange rates of the two substrate water molecules in the
S3 state. Our results provide evidence that CP43-Glu354 coor-
dinates to the Mn4Ca cluster as a bridging ligand between two
metal ions, in agreement with the 2.9 and 3.0 Å X-ray crystal-
lographic structural models (2, 5) and with a recent FTIR study
of the same mutant (28). However, our FTIR data provide no
compelling evidence that this residue changes its coordination
mode during the S1 to S2 transition, contrary to one of the con-
clusions of the earlier FTIR study (28). Our results also provide
evidence that CP43-Glu354 interacts with theMn ion that ligates
the substrate water molecule or water-derived ligand that is in
rapid exchange in the S3 state. A preliminary account of this work
has been presented (27).

MATERIALS AND METHODS

Construction of Mutant and Propagation of Cultures.
The CP43-E354Q mutation was constructed in the psbC gene of
Synechocystis sp. PCC 6803 and transformed into a host strain of
Synechocystis that lacks the large extrinsic loop of CP43 and
contains a hexahistidine tag (His tag) fused to the C-terminus of
CP47 [the cloned psbC gene was the kind gift ofW. F. J. Vermaas
(Arizona State University); our strategy for introducing muta-
tions into the large extrinsic loop of CP43 is similar to that
described in ref 29; the addition of a His tag to CP47 has been
described previously (30)]. The wild-type strain was constructed
in an identical manner as the mutant strain except that the
transforming plasmid carried no site-directed mutation. Single
colonies were selected for ability to grow on solid media contain-
ing 5 μg/mL kanamycin monosulfate. Solid media contained
5 mM glucose and 10 μM DCMU. The DCMU and antibiotic
were omitted from the liquid cultures. Large-scale liquid cultures
(each consisting of three 7 L cultures held in glass carboys) were
propagated as described previously (31). For the purification
of PSII core complexes that had been uniformly labeled with 15N,
liquid cultures were propagated in the presence of 10 mM
Na15NO3 as the sole nitrogen source (98% 15N enrichment;
Cambridge Isotope Laboratories, Andover, MA) (32). For the
purification of L-[1-13C]alanine-labeled PSII core complexes,
liquid cultures were propagated in the presence of 0.5 mM
L-[1-13C]alanine (99% 13C enrichment; Cambridge IsotopeLabo-
ratories, Andover, MA) (31, 33, 34). To verify the integrity
of the mutant cultures that were harvested for the purification
of thylakoid membranes and PSII core complexes, an aliquot of
each culture was set aside, and the sequence of the portion of
the psbC gene that encodes the large extrinsic loop of CP43
was obtained after PCR amplification of genomicDNA (35). No
trace of the wild-type codon was detected in any of the mutant
cultures.
Purification of Thylakoid Membranes. Thylakoid mem-

branes were isolated under dim green light at 4 �C with a pro-
cedure (34) that was modified from that of Tang and Diner (36).

Harvested cells were concentrated and suspended in a buffer
containing 1.2 M betaine, 10% (v/v) glycerol, 50 mM MES-
NaOH (pH6.0), 5mMCaCl2, 5mMMgCl2, 1mMbenzamidine,
1 mM ε-amino-n-caproic acid, 1 mM phenymethanesulfonyl
fluoride, and 0.05 mg/mL DNase I and then broken by nine
cycles of 5 s on/15 min off in a glass bead homogenizer (Bead-
Beater; BioSpec Products, Bartlesville, OK). After separation
of unbroken cells and debris by low-speed centrifugation, the
resulting thylakoid membranes were concentrated by ultracen-
trifugation (20 min at 40000 rpm in a Beckman Ti45 rotor) and
suspended to a concentration of 1.0-1.5 mg of Chl/mL in a
buffer containing 1.2 M betaine, 10% (v/v) glycerol, 50 mM
MES-NaOH (pH 6.0), 20 mM CaCl2, and 5 mM MgCl2. The
concentrated thylakoid membranes were either flash-frozen as
1 mL aliquots in liquid nitrogen and stored at -80 �C or used
immediately for the purification of PSII core complexes.
Purification of PSII Core Complexes. Isolated oxygen-

evolving PSII core complexes were purified under dim green light
at 4 �CwithNi-NTAsuperflowaffinity resin (Qiagen,Valentia,CA)
as described previously (34). For most of the experiments, the
purification buffer consisted of 1.2 M betaine, 10% (v/v) glyc-
erol, 50 mM MES-NaOH (pH 6.0), 20 mM CaCl2, 5 mM
MgCl2, 50 mM histidine, 1 mM EDTA, and 0.03% (w/v)
n-dodecyl β-D-maltoside. For some of the FTIR experiments
described in Figure 8, the betaine was omitted from the cell and
thylakoid membrane suspension buffers and from the purifica-
tion buffer, and the concentration of glycerol was increased to
25% (v/v). The purified PSII core complexes were concentrated
to∼1.0 mg of Chl/mL by ultrafiltration, frozen in liquid N2, and
stored at -196 �C (vapor phase nitrogen).
Flash O2 Yield and KineticMeasurements.Measurements

were performed with a bare-platinum electrode that permits the
centrifugal deposition of samples onto the electrode surface (37).
Before deposition, thylakoid membranes were concentrated by
centrifugation and suspended at ∼0.8 mg of Chl/mL in 50 mM
HEPES-NaOH (pH 7.2), 5 mMCaCl2, 10 mMMgCl2, and 1M
sucrose (38). For each measurement, 3.2 μg of Chl was deposited
on the platinum surface of the platinum electrode by being
centrifuged at 18000g for 10 min in a Sorvall HB-4 swing-out
rotor. Samples were given a series of 20 preflashes and then
dark adapted for 10 min prior to the initiation of the measuring
flash sequence. Flashes were provided by a xenon flash lamp
(6 μs fwhm). The preflash sequence was applied to oxidize PSII
centers thatmay populate the “superreduced” S-1 and S-2 states.
The 10 min dark-adaptation period was incorporated to allow
PSII centers to relax to the S1 and S0 states. Polarization of the
electrode (0.73 V) was initiated 10 s before the initiation of data
acquisition, and the measuring flash sequence (15 flashes at a
frequency of 4 Hz) was initiated 333 ms after that. Numerical
extraction of the S state parameters was performed assuming a
four-statemodel (39, 40). The kinetics ofO2 releasewas estimated
from the rising portion of the O2 signal using the exponential
method (41).
Preparation of EPR and X-ray Absorption Samples. For

the experiments of Figures 3A and 4, samples were concentrated
to 7-8 mg of Chl/mL with Centricon-100 concentrators, trans-
ferred into standard quartz 4 mm o.d. EPR tubes (Wilmad
LabGlass, Buena, NJ), dark adapted for 18 h at 4 �C, and then
frozen in liquid nitrogen. For the experiments of Figure 3A,
condensed O2 was purged from the EPR tubes immediately prior
to measurement by warming the tubes to 198 K (in dry ice and
methanol) and directing a stream of Ar gas over the sample for
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10 min in absolute darkness followed by rapid freezing in liquid
N2 (42). For the EPR experiments of Figure 3B and for the X-ray
absorption measurements (Figures 5 and 6), samples were trans-
ferred to a buffer containing 1.2 M betaine, 40% (v/v) glycerol,
50mMMES-NaOH (pH 6.0), 20mMCaCl2, 5mMMgCl2, and
0.03% (w/v) n-dodecyl β-D-maltoside by concentrating them
to ∼9 mg of Chl/mL with Centricon-100 concentrators, diluting
them 20-fold with a buffer containing 42% (v/v) glycerol, and
then concentrating them to∼11mg of Chl/mL. The concentrated
samples were transferred to lucite sample holders that were de-
signed to fit in both EPR and X-ray cryostats (43), dark adapted
for 12 h at 4 �C followed by 6 h at room temperature, and then
frozen in liquid N2. For the experiments of Figures 3B and 4, the
S2 state was generated by illuminating samples for 5 min in a
nonsilvered Dewar at 198 K (dry ice/ethanol) with a focused,
heat-filtered, 350 W Radiac light source. The samples were then
immediately frozen in liquid nitrogen.
EPRMeasurements. For the experiments of Figures 3A and

4, continuous-waveEPR spectrawere recordedwith aBrukerER
300 EPR spectrometer (Bruker BioSpin Corp., Billerica, MA)
equipped with either a Bruker ER 4116 DM dual mode cavity
(parallel mode experiments) or a Bruker ER 4102 ST standard
cavity (perpendicular mode experiments). For these experiments,
the sample temperature was controlled with an Oxford ESR900
liquid helium cryostat (Oxford Instruments, Oxfordshire, U.K.).
For the experiments of Figure 3B, continuous-wave EPR spectra
were recorded with a Varian E-109 EPR spectrometer equipped
with a standard TE102 cavity. For these experiments, the sample
temperature was controlled with a Heli-tran liquid helium cryo-
stat (Air Products, Allentown, PA). Sample manipulations were
conducted under dim green light at 4 �C.
Preparation of FTIR Samples. All manipulations were

conducted under dim green light at 4 �C. Samples (approxi-
mately 70 μg of Chl a) were exchanged into FTIR analysis buffer
[40 mM sucrose, 10 mM MES-NaOH (pH 6.0), 5 mM CaCl2,
5 mM NaCl, 0.06% (w/v) n-dodecyl β-D-maltoside (32, 44)] by
passage through a centrifugal gel filtration column at 27g (45).
Concentrated samples (approximately 10 μL in volume) were
mixed with 1/10 volume of fresh 100 mM potassium ferricyanide
(dissolved in water) to serve as the electron acceptor, spread to a
diameter of about 10 mm on a 15 mm diameter BaF2 window,
and then dried lightly (until tacky) under a stream of dry nitro-
gen gas. For experiments in which only the S2-minus-S1 FTIR
difference spectrum was recorded (Figures 8B-D, 9, and 11),
samples were placed in a controlled humidity chamber at 95%
RH for 10 min. For experiments in which four successive flashes
were applied (Figure 7), 1 μL of 20% (v/v) glycerol (in water)
was spotted onto the window, adjacent to the sample, but not
touching it to maintain the humidity of the sample in the FTIR
cryostat at 99% RH (46). A second IR window with a Teflon
spacer (0.5 mm thick) was placed over the first and sealed in place
with silicon-free high-vacuum grease. The sample was loaded
immediately into the FTIR cryostat at 273.0 or 250.0 K and
allowed to equilibrate in darkness for 2 or 18 h, depending on the
experiment. Sample concentrations and thicknesses were ad-
justed so that the absolute absorbance of the amide I band at
1657 cm-1 was 0.7-1.1.
Measurement of FTIR Spectra. Midfrequency FTIR

spectra were recorded with a Bruker Equinox 55 spectrometer
(BrukerOptics, Billerica,MA) at a spectral resolution of 4 cm-1 as
described previously (31, 34, 44, 45, 47). Flash illumination
(∼20mJ/flash,∼7 ns fwhm) was provided by a frequency-doubled

Q-switched Nd:YAG laser [Surelite I (Continuum, Santa Clara,
CA)]. After dark adaptation, either four successive flashes were
applied with an interval of 96 s between each (Figure 7), or a single
flash was applied (Figures 8, 9, and 11). Two single-beam spectra
were recorded before the first flash, and one single-beam spectrum
was recorded starting 0.33 s after the first and subsequent flashes
(for the experiments of Figures 7, 8B, 9, and 11, each single-beam
spectrum consisted of 800 scans; for the experiments of Figure 8C,
D, each single-beam spectrum consisted of 200 scans). The 0.33 s
delay was incorporated to allow for the oxidation of QA

•- by
the ferricyanide. Difference spectra were obtained by dividing the
single-beam spectrum that was recorded after the nth flash by the
single-beam spectrum that was recorded immediately before
the nth flash, and the ratio was converted to units of absorption.
Each samplewas subjected to a single set of four flashes (Figure 7),
a single flash (Figures 8B, 9, and 11), or single flashes spaced by
30 min (Figure 8C,D). To improve the signal-to-noise ratio, the
difference spectra recorded with multiple samples were averaged.
Measurement of Mn XANES and EXAFS Spectra.

X-ray absorption spectroscopy (XAS) was performed at the
Stanford Synchrotron Radiation Laboratory (SSRL) on beam-
lines 9-3 and 7-3 at an electron energy of 3.0GeVwith an average
current of 85-100mA.The radiationwasmonochromatized by a
Si(220) double-crystal monochromator. The intensity of the
incident X-ray beam was monitored by a N2-filled ion chamber
(I0) in front of the sample. The monochromator energy was
calibrated using a preedge peak of KMnO4 (6543.3 eV). These
standardswere placed between twoN2-filled ionization chambers
(I1 and I2) after the sample. The X-ray flux at 6.6 keV was at 1�
1013 photons s-1 mm-2. The monochromator was detuned at
6600 eV to 50% of maximal flux to attenuate the X-ray second
harmonic. Samples were kept at a temperature of 10 K in a liquid
helium flow cryostat to minimize radiation damage. The proce-
dures for data reduction have been described previously (48).
Measurement of Substrate Water Exchange Rates by

Mass Spectrometry. Frozen thylakoid samples were thawed
and diluted to 0.25 mg/mL Chl in 40 mMMES (pH 6.5), 15 mM
MgCl2, 15 mM CaCl2, 10% glycerol, and 1.2 M betaine, with
potassium ferricyanide added to 0.5 mM to serve as the electron
acceptor. Immediately before measurement, individual samples
were prepared in total darkness (visualized by IR goggles) and
subjected to a one preflash, 10 min dark adaptation period to
maximize the concentration of PSII centers in the S1 state.
Flashes were provided with a xenon flash lamp (fwhm=5.2 μs).
The rapid mixing sample chamber that is interfaced to the
spectrometer has been described previously (49). Two saturating
flasheswere applied to poise the sample in the S3 state; then 25 μL
of 95% H2

18O was injected rapidly (mixing rate, kinj = 175 s-1)
to produce a final 18O enrichment of 12.0 ( 0.5%. A third
saturating flash (the turnover flash) was then applied at varying
delay times (Δt) after H2

18O injection to induce O2 evolution.
Measurements of O2 evolved (YC) as a function ofΔt were made
at m/e = 34 for the mixed labeled 16,18O2 using an in-line mass
spectrometer (Vacuum Generation MM6, Winford, U.K.). The
biphasic plots of YC versus Δt at m/e = 34 were analyzed as the
sum of two exponential functions using the following equa-
tion (50), revealing fast-phase k2 and slow-phase k1 rate constants
for substrate water exchange according to the expression:

YC ¼ 0:57ð1- expð- k2tÞÞþ 0:43ð1- expð- k1tÞÞ
Further details of the data analysis procedures are provided in
ref 49. No data were recorded atm/e=36 for the double labeled
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18,18O2 because of the low 18O enrichment and small oxygen
signals in the mutant samples.

RESULTS

The light-saturated, steady-state O2-evolving activity of CP43-
E354Q cells was 90-100 μmol of O2 (mg of Chl)-1 h-1 compared
to 480-500 μmol of O2 (μg of Chl)

-1 h-1 for wild-type cells. The
lower rate in mutant cells (18-20% compared to wild type) is
consistent with earlier reports (26, 28). The light-saturated O2-
evolving activity of purified CP43-E354Q PSII core complexes
was 0.52-0.70 mmol of O2 (mg of Chl)-1 h-1 compared to
5.1-5.5 mmol of O2 (mg of Chl)-1 h-1 for wild-type PSII core
complexes. The lower activity of the purified mutant PSII core
complexes (10-14% compared to wild type) suggests that the
Mn4Ca cluster in the Synechocystis CP43-E354Q mutant is
somewhat labile.
O2 Flash Yields and Kinetics of O2 Release. To further

investigate the lower rates of O2 evolution that are caused by the
CP43-E354Q mutation, wild-type and mutant thylakoid mem-
branes were isolated and examined with a bare-platinum elec-
trode that permits the centrifugal deposition of samples upon the
electrode surface. The pattern of O2 yields that are produced by
the individual flashes in a series of saturating single-turnover
flashes provides a measure of the efficiency of the individual S
state transitions. The pattern of O2 flash yields in CP43-E354Q
thylakoid membranes (Figure 1) showed the same period four
oscillations that are observed in wild-type membranes, although
the amplitudes were much smaller, consistent with the lower
steady-state rates of O2 evolution observed in the mutant cells
and PSII core complexes. Analysis of these data revealed that
the parameters that describe the factors that contribute to the
damping of the oscillations (i.e., the parameters that describe
misses, double hits, and the deactivations that occur in the dark
intervals between flashes) are virtually the same in the mutant as
in the wild-type control (Table 1). This analysis also revealed
that, after a 10min period of dark adaptation, the distribution of
S states in the mutant thylakoid membranes was only slightly
different from that in wild type: the percentages of PSII centers in
the S1 and S2 states increased (the latter from2% to6%), whereas
the percentage in the S0 state decreased. The kinetics of O2 release
in CP43-E354Q thylakoid membranes in comparison with wild
type are presented in Figure 2. Analysis of these data showed that
the kinetics ofO2 release are virtually the same in themutant as in
the wild type, being characterized by half-times of approximately
1.2 ms.
EPR Spectra. A parallel polarization multiline EPR signal

was observed in extensively dark adapted CP43-E354Q PSII core
complexes (Figure 3A, lower trace). Between 375 and 650 G,
the signal resembled the S1 state multiline EPR signal observed
in wild-type PSII core complexes (upper trace), in terms of both
peak positions and spacings. However, the intensity of the spec-
trum was low, and the features below 375 G and above 650 G
could not be obtained reproducibly. A perpendicular polariza-
tion multiline EPR signal was observed in extensively dark
adapted CP43-E354Q PSII core complexes after illumination
at 195 K (Figure 3B, lower trace). This signal was originally ob-
served before illumination in mutant PSII core complexes that
had been dark adapted for only 2 h. Further investigation
revealed that the signal decayed very slowly at 4 �C (Figure 4),
with about 60% of the signal decaying with a half-time of about
2.5 h and the remainder decaying with a half-time greater than

20 h (Figure 4). For the data shown inFigure 3B, themutant core
complexes were dark adapted for 12 h at 4 �C followed by 6 h at
room temperature to fully relax the S2 state before illumination.
In terms of peak positions and spacing, this signal resembles the
S2 state multiline EPR signal that is observed in wild-type PSII
core complexes (Figure 3B, upper trace). We assign this signal
to the S2 state and conclude that the S2 state is unusually stable
inCP43-E354QPSII core complexes. The signal’s superhyperfine

FIGURE 1: Comparison of the flashO2 yield patterns ofwild-type (A)
and CP43-E354Q (B) thylakoid membranes in response to 15 satur-
ating xenon flashes applied at a frequency of 4 Hz. Equivalent
amounts of thylakoid membranes were deposited centrifugally on
the surface of a bare-platinum electron, subjected to 20 preflashes,
and then dark-adapted for 10 min before the sequence of measuring
flashes was initiated.

Table 1: S State Decay Cycling Parameters of CP43-E354Q Membranesa

strain

S state distribution:

S0:S1:S2:S3 (%)

misses

R (%)

hits

β (%)

double

hits γ (%)

deactivations

δ (%)

wild type 36:62:2:0 9 86 3 2

CP43-E354Q 31:63:6:0 9 84 4 3

aMembranes were given a series of 20 preflashes followed by a 10 min
dark-adaptation period prior to the initiation of the measuring flash
sequence. Numerical analysis of the O2 flash-yield amplitudes was per-
formed assuming a four-state model as described previously (39, 40).
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structure is different from that in wild type, especially above
3500 G, and the peaks in the mutant spectrum are shifted
10-20 G to lower field compared to their positions in the wild-
type spectrum.No features were evident between 600 and 2000G
in the mutant spectrum (Figure 3B, insert); the broad features
observed in this region in the wild-type spectrummay correspond
to cytochrome heme groups.

The integrated area of the seven peaks indicated in the mutant
S2 state mulitine EPR spectrum (asterisks in the lower trace of
Figure 3B) was approximately 76% of the integrated area of the
corresponding peaks in the wild-type spectrum (asterisks in the
upper trace of Figure 3). Accordingly, approximately 76% of the
CP43-E354Q PSII core complexes were estimated to contain
photooxidizable Mn4Ca clusters on the basis of the EPR data.

Todetermine if themutant reaction centers are able to advance
beyond the S2 state, extensively dark adapted CP43-E354Q PSII

FIGURE 2: Comparison of the flash-induced O2 signals of wild-type
(black traces) and CP43-E354Q (red traces) thylakoid membranes
plotted on (A) linear and (B) logarithmic time scales. The traces have
beennormalized to facilitate comparison (the dataof themutantwere
multiplied vertically by a factor of 3.6). Equivalent amounts of
thylakoid membranes were deposited centrifugally on the surface of
a bare-platinum electrode and given a sequence of 100 saturating
xenon flashes at 4 Hz. The data show the averages from each set of
100 kinetic traces.

FIGURE 3: Comparison of the parallel polarization S1 state (A) and
light-minus-dark perpendicular polarization S2 state (B) multiline EPR
signals ofwild-type (black) andCP43-E354Q (red) PSII core complexes.
Thewild-type andmutant samples in (A) contained 125 μLof 6.7mg of
Chl/mLand8.1mgofChl/mL, respectively, andweredeaeratedprior to
measurement to remove condensed O2. To facilitate comparison, the
mutant spectrumhasbeenmultiplied vertically by a factor of 4.Features
below 375 G or above 650 G in the mutant spectrum were not re-
producible. The sample buffer in (A) consisted of 1.2 M betaine, 10%
(v/v) glycerol, 10 mM MES-NaOH (pH 6.0), 10 mM CaCl2, 5 mM
MgCl2, 50mMhistidine, 1mMEDTA,and0.03%(w/v) n-dodecylβ-D-
maltoside.Thewild-type andmutant samples in (B) contained100μLof
11.0 mg of Chl/mL and 60 μL of 10.9 mg of Chl/mL, respectively. The
sample buffer consisted of 1.2 M betaine, 40% (v/v) glycerol, 10 mM
MES-NaOH (pH 6.0), 10mMCaCl2, 5mMMgCl2, and 0.03% (w/v)
n-dodecyl β-D-maltoside. The data in (A) were recorded at 4.7 K with
a microwave frequency of 9.3822 GHz, a microwave power of 50 mW,
a modulation amplitude of 9 G, a modulation frequency of 100 GHz,
a time constant of 81ms, and a scan timeof 170 s/1100G.Thewild-type
and mutant spectra represent the averages of 25 and 100 scans,
respectively. The data in (B) were recorded at 9 K with a microwave
frequency of 9.2579 GHz, a microwave power of 5 mW, a modulation
amplitudeof8G,amodulation frequencyof100kHz, a timeconstantof
250ms, and a scan timeof 4min/3300G.To generate the S2 state in (B),
samples were illuminated for 5 min at 195 K before being flash-frozen
in liquid nitrogen. Both spectra in (B) have had the large signal ofYD

• at
g=2 excised for clarity. Each spectrum in (B) represents the average of
60 scans. To correct for the lower amount of Chl in the mutant sample,
the mutant spectrum in (B) has been multiplied vertically by a factor of
1.67. Asterisks denote peaks used to estimate the relative amplitudes
of the signals (see text). The insert in (B) shows light-minus-dark scans
between 600 and 3800 G.
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core complexes were illuminated at 0 �C in the presence of
0.5 mM phenyl-1,4-benzoquinone as electron acceptor before
being rapidly frozen in liquid nitrogen. The illuminated samples
exhibited no “split” EPR signal characteristic of the S2YZ

• state
in PSII preparations that are unable to advance to the S3 state
(51-54) (data not shown). This observation implies that amajor-
ity of CP43-E354Q PSII core complexes are able to advance
beyond the S2 state to the S3 state.
X-ray Absorption Data. TheMnK-edge XANES spectra of

CP43-E354Q PSII core complexes poised in the S1 and S2 states
were compared with the corresponding spectra of wild-type PSII
core complexes (Figure 5). In the mutant core complexes, the S1
state was prepared by dark-adapting samples for 12 h at 4 �C
followed by 6 h at room temperature. TheMnXANES spectra of
the mutant core complex in both the S1 and S2 states, including

the preedge features (inserts in Figure 5A,B) were similar to those
of wild type. In particular, the S2 state XANES spectrum of
themutant was identical to that of wild type. The similarity of the
wild-type and CP43-E354Q spectra is most clearly shown by the
similarity of the second derivative spectra (Figure 5C,D for the S1
and S2 states, respectively).

The Mn K-edge EXAFS spectra of CP43-E354Q PSII core
complexes poised in the S1 and S2 states were also compared with
the corresponding spectra of wild-type PSII core complexes
(Figure 6). The wild-type and mutant Mn EXAFS spectra in
the S2 state were nearly indistinguishable, whereas small differ-
ences were apparent in the EXAFS spectra of the S1 state.
FTIR Data. The unusual stability of the S2 state multiline

EPR signal in CP43-E354Q PSII core complexes led us to inves-
tigate the stability of the S2 state with FTIR difference spectros-
copy. The spectrum induced by a single flash given to dark-
adapted PSII core complexes corresponds predominantly to the
S2-minus-S1 FTIR difference spectrum (55-58). In CP43-E354Q
PSII core complexes, the difference spectrum that was generated
by a single saturating flash given after 18 h of dark adaptation at
273 K could only be fully regenerated by a subsequent flash after
a lengthy dark recovery period of at least 10 h at 273K.However,
most of the features in the difference spectrum were evident after
30 min of dark recovery (data not shown). Slowest to recover
were features in the νsym(COO-) region, particularly the positive
band at 1363 cm-1. Consequently, the unusual stability of the S2
state observed in the EPR experiments and its multiphasic decay
were confirmed with FTIR, although the rates of decay were
slower in the EPR samples than in the FTIR samples. Accord-
ingly, most of the FTIR data were collected by dark-adapting
samples for 18 h at 273 K and subjecting each sample to a single
set of four excitation flashes. The samples were then discarded.
To increase the signal-to-noise ratio of the recorded spectra, 800
scans were recorded after each measuring flash instead of the 100
scans thatwe employed previously (31, 44, 45). Consequently, the
time spacing between flashes was 96 s instead of the 10-12 s that

FIGURE 4: The decay of the S2 state in CP43-E354Q PSII core com-
plexes asmeasured from the decayof the S2 statemultilineEPR signal
at 4 �C. The signal amplitude was estimated from the area under the
six low-field lines shown as asterisks in Figure 3.

FIGURE 5: Comparison of theMnK-edgeXANES spectra of wild-type (blue traces) andCP43-E354Q (red traces) PSII core complexes poised in
the S1 state by extensive dark adaptation (A) and in the S2 state after illumination (B). The corresponding secondderivatives of the data in (A) and
(B) are shown in (C) and (D), respectively.
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has been used in most previous FTIR studies of S state turnovers
(e.g., refs 32, 44, and 46).

The FTIR difference spectra induced by four successive flashes
given to wild-type and CP43-E354Q PSII core complexes at
273K after 18 h of dark adaptation are compared in Figure 7. As
noted in the previous paragraph, the spectra that are induced by
the first flash should correspond predominantly to S2-minus-S1
FTIR difference spectra. When the overall amplitudes of the S2-
minus-S1 FTIR difference spectra were normalized to the extent
of flash-induced charge separation in the samples (accomplished
by normalizing the mutant and wild-type spectra to the peak-to-
peak amplitudes of the negative ferricyanide peak at 2115 cm-1

and the positive ferrocyanide peak at 2038 cm-1 produced by
the oxidation of QA

•- by the ferricyanide), the amplitude of the
mutant spectrum was found to be approximately 82% of the
amplitude of the wild-type spectrum. Accordingly, approxi-
mately 82% of the CP43-E354Q PSII core complexes were
estimated to contain photooxidizable Mn4Ca clusters on the
basis of the FTIR data.

Because of the long time intervals between flashes (96 s), it was
expected that significant fractions of wild-type PSII centers
would relax between flashes (from the S2 state to the S1 state
or from the S3 state to the S2 and S1 states). Consequently, it was
expected that the difference spectra induced by the second, third,
and fourth flashes applied to wild-type PSII core complexes
would represent mixtures of S state transitions. In support of this
expectation, the fourth-flash difference spectrum of wild type
resembles the S0-minus-S3 FTIR difference spectrum that has
been observed in previous studies after the third flash (e.g.,
refs 32, 44, and 46), although its amplitude is smaller. Evidently,
the long time interval between flashes dampened the period four
oscillations of the wild-type FTIR difference spectra sufficiently
that the S0-minus-S3 FTIR difference spectrum dominates after
the fourth flash. Note especially the features at 1544(þ) and
1510(-) cm-1 and the features between 1440 and 1350 cm-1 in
the fourth-flash spectrum. These features, typically observed in

S0-minus-S3 FTIR difference spectra (56-58), partly reverse
spectral features that are present in the S2-minus-S1 and S3-
minus-S2 FTIR difference spectra. In CP43-E354Q PSII core
complexes, because of the unusual stability of the S2 state, the
long time intervals between flashes should cause less damping of
the FTIR difference spectra. In this regard, it is noteworthy that
the second-flash spectrum of CP43-E354Q PSII core particles
generally resembles the second-flash spectrum of wild type and
that the third- and fourth-flash difference spectra of the mutant
show no hint of spectral features reversing sign from those
present in the first- and second-flash spectra.

The features in the third- and fourth-flash spectra of the CP43-
E354Q PSII core particles differ from those in the first-flash
spectrum. In particular, note the presence of the positive feature
at 1586 cm-1 in the first-flash spectrum and its absence in the
third- and fourth-flash spectra, the change in appearance of the
spectra between 1460 and 1380 cm-1 between the first- and third-
flash spectra, and the appearance of features at 1375(-), 1362(þ),
and 1346(-) cm-1 in the third-flash spectra. These spectral
changes provide evidence that the majority of CP43-E354Q
PSII core complexes advance beyond the S2 state, in agreement
with the EPR data described earlier. Importantly, because the
third- and fourth-flash difference spectra show no hint of
spectral features reversing sign from those present in the first-
and second-flash spectra, these data provide no evidence for
S state advancement beyond the S3 state in a majority of CP43-
E354Q PSII core particles, although advancement beyond S3
in a minority of reaction centers (i.e., the approximately 20%
that evolve O2 with normal flash yields and kinetics) would
likely escape detection.

Because the second-, third-, and fourth-flash difference spectra
represented mixtures of S oxidation states, we focused our atten-
tion on the features of the first-flash difference spectra. Because
the wild-type and mutant samples were not given a preflash, the
first-flash spectra may contain contributions from YD

•-minus-
YD (33). One of the largest features in the YD

•-minus-YD FTIR

FIGURE 6: Comparison of the Fourier transforms of k3-weightedMnEXAFS of wild-type (A) and CP43-E354Q (B) PSII core complexes poised
in the S1 (blue traces) and S2 traces (red traces). The wild-type spectra from (A) are reproduced in (B) in gray.
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difference spectrum is a negative band at 1703 cm-1 (32, 33, 59, 60).
Because the negative feature at 1704 cm-1 in the wild-type first-
flash spectrum is not significantly larger than the feature that is
usually observed near this frequency in wild-type S2-minus-S1
FTIR difference spectra (55-58), the spectral features of YD

•-
minus-YD probablymake only small contributions to thewild-type
and CP43-E354Q first-flash spectra that are shown in Figure 7.
However, the first-flash spectrum of the CP43-E354Q PSII core
complexes should contain contributions from YZ

•-minus-YZ (31)
because only 76-82% of the mutant complexes contain photo-
oxidizableMn4Ca clusters on the basis of our EPR and FTIR data
(see above). The larger negative bands at 1702-1703 cm-1 in the
CP43-E354Q FTIR difference spectra compared to wild type
probably reflect the flash-induced formation of YZ

• in the fraction
of CP43-E354Q PSII reaction centers that lack Mn4Ca clusters.
However, the features of the YZ

•-minus-YZ FTIR difference
spectrum are relatively small except for positive bands at 1699,
1550, and 1512 cm-1 (31, 61). Therefore, we conclude that

the first-flash spectra are dominated by the wild-type and
mutant S2-minus-S1 FTIR difference spectra and that differ-
ences between the wild-type and mutant spectra can be
attributed to the CP43-E354Q mutation and not to contam-
inating features of YZ

•-minus-YZ.
The S2-minus-S1 FTIR difference spectra of wild-type and

CP43-E354Q PSII core complexes show many differences, espe-
cially throughout the symmetric carboxylate stretching [νsym-
(COO-)] region and the overlapping amide II and asymmetric
carboxylate stretching [νasym(COO-)] regions (Figure 7, top set
of traces). The largest differences include substantially dimin-
ished negative features at 1747, 1543, and 1522 cm-1, a substan-
tially diminished positive feature at 1504 cm-1, the appearance of
large positive features at 1667 and 1528 cm-1, the appearance of a
negative feature at 1570 cm-1, and a variety of peak shifts and/or
amplitude changes between 1450 and 1380 cm-1 in the mutant
spectrum. These mutation-induced changes are substantially
larger than those that are induced by mutations of other residues
that have been assigned as Mn ligands in the current X-ray
crystallographic structural models [e.g., D1-D170H (44, 62), D1-
E189Q (45, 63), D1-D342N (31), and D1-A344G (33, 64-66)].

While this work was originally being prepared for submission,
another study of the same mutant constructed independently in
the same organism was published (28). The S2-minus-S1 FTIR
difference spectrum of CP43-E354Q reported in this study differs
in many respects from ours. In particular, the mutant spectrum
more closely resembles that of wild type, showing no significant
differences near 1747 or 1543 cm-1 and fewer differences in the
symmetric carboxylate stretching region between 1450 and 1380
cm-1 (see Figure 4 of ref 28). In comparing the two studies, we
noticed three procedural differences that stood out. First, we had
purified our PSII core complexes in the presence of 1.2M betaine
and 10% (v/v) glycerol, whereas they employed no betaine,
instead using 25% (v/v) glycerol. Second, our samples had been
dark adapted for 18 h, whereas theirs were dark adapted for
only 20min. Third, our samples had been subjected to a single set
of illuminating flashes, whereas theirs were flash-illuminated
repeatedly, with a 20 min period of dark adaptation between
illuminations. Accordingly, we set out to acquire more FTIR
data with samples that had been purified in the presence of 25%
(v/v) glycerol (and no betaine), with samples that had been
subjected to shorter periods of dark adaptation, andwith samples
that had been illuminated repeatedly after a suitable period of
dark adaptation.

We first determined that the S2 state was similarly stabilized
in CP43-E354Q PSII core complexes whether they had been
purified in the presence of 25% (v/v) glycerol or 1.2 M betaine
and 10% (v/v) glycerol. This determination was made by com-
paring the decay of the S2 state multiline EPR signal in mutant
PSII core complexes purified in the two types of buffer (data not
shown). We also determined that the S2-minus-S1 FTIR differ-
ence spectrum of mutant PSII core complexes purified in the
presence of 25% (v/v) glycerol appeared to exhibit the same
FTIRdifference spectra as those purified in the presence of 1.2M
betaine and 10% (v/v) glycerol when examined under the con-
ditions of Figure 7 (i.e., an 18 h dark adaptation time followed
by a single set of flashes; data not shown). Accordingly, we
examined the effect of shorter dark adaptation times.

The S2-minus-S1 FTIR difference spectra of wild-type and
CP43-E354Q PSII core complexes recorded under a variety of
conditions are compared in Figure 8. A comparison of wild-type
and mutant PSII core complexes that had been purified in the

FIGURE 7: Comparisonof themidfrequencyFTIRdifference spectra
of wild-type (black traces) and CP43-E354Q (red traces) PSII core
complexes in response to four successive flash illuminations applied
at 273Kand spaced by 96 s. The spectrawere normalized to the peak-
to-peak amplitudes of the negative ferricyanide peak at 2115 cm-1

and the positive ferrocyanide peak at 2038 cm-1 (these peaks reflect
the reduction of the ferricyanide electron acceptor by QA

•-). The
wild-type spectra represent the averages of seven samples (5600
scans). The CP43-E354Q spectra represent the averages of nine
samples (7200 scans). Samples were given a single set of four flashes
at 273 K after having been dark adapted for 18 h at the same
temperature. The data recorded after the first flash are dominated
by the S1 to S2 transition and represent S2-minus-S1 FTIR difference
spectra. Dark-minus-dark control spectra are included to show the
noise level (lower traces).
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presence of 25% (v/v) glycerol, dark adapted for only 2 h , and
then given a single flash is shown in Figure 8B (the same number
of scans were accumulated after the flash as in Figure 7; to obtain
a stable dark-minus-dark baseline after only 2 h of dark adapta-
tion required recording these data at 250 K instead of at 273 K).

These data closely resemble the data acquired after an 18 h adap-
tation (top pair of traces in Figure 7, reproduced in Figure 8A to
facilitate comparison). The primary differences are that the large
positive feature at 1668 cm-1 in the mutant is less prominent and
the positive feature at 1509 cm-1 is diminished to a larger extent.
The other mutation-induced changes to the features at 1747,
1569, 1543, 1528, and 1522 cm-1 and between 1450 and 1380
cm-1 noted earlier were still evident.

Next, we investigated the effect of repeatedly illuminating
samples. For this purpose, wild-type and mutant PSII core
complexes were compared after a 2 h dark adaptation time
followed by 16 single flashes spaced by 30 min. For these
experiments, PSII core complexes were purified in the presence
of either 25% (v/v) glycerol (Figure 8C) or 1.2 M betaine and
10% (v/v) glycerol (Figure 8D). The data shown in Figure 8C,D
closely resemble each other, again showing that the features of the
spectra are not determined by the sample purification buffer.
These data also closely resemble the data shown in Figure 8B: the
positive feature at 1667 cm-1 is less prevalent, and the positive
feature at 1507 cm-1 is diminished to a greater extent than in
samples dark adapted for 18 h (Figure 8A). The primary
difference between the data of Figure 8C,D and the samples not
subjected to repeated illuminations (Figure 8A,B) is a loss of
positive intensity at 1364 cm-1 and the appearance of a deriva-
tive feature at 1370(þ)/1359(-) cm-1 in the mutant difference
spectra. As noted earlier, the 1364 cm-1 feature required∼10 h of
dark adaptation for full recovery between flashes. We observed
that the 1370(þ)/1359(-) cm-1 derivative feature became
increasingly prominent as the flash illuminations increased
(data not shown). Consequently, only 16 illuminations were
accumulated for the data shown in Figure 8C,D.

The data of Figure 8 show that, regardless of sample purifica-
tion buffer, time of dark adaptation, or whether samples were
illuminated once or multiple times, we obtained essentially the
same spectral features in the S2-minus-S1 FTIRdifference spectra
of wild-type and CP43-E354Q PSII core complexes. Conse-
quently, the reasons for the different features of the spectra in
ref 28 remain unknown. To determine if the features between
1650 and 1450 cm-1 correspond to amide or νasym(COO-)
modes, both wild-type and CP43-E354Q PSII core particles were
uniformly labeled with 15N. A comparison of the midfrequency
S2-minus-S1 FTIR difference spectra of unlabeled and 15N-
labeled wild-type andCP43-E354QPSII core complexes is shown
in Figure 9. The difference spectrum of 15N-labeled wild-type
PSII core complexes (Figure 9A, blue trace) closely resembles
spectra reported previously for 15N-labeled PSII preparations
from spinach (67), Thermosynechococcus elongatus (68), and
Synechocystis sp. PCC 6803 (32, 69). In particular, the bands
at 1552(þ), 1543(-), 1531(þ), and 1522(-) cm-1 have previ-
ously been identified as amide II modes because all four bands
downshift appreciably after global incorporation of either 15N
(32, 68, 69) or 13C (32, 68-70). The large positive band at 1587
cm-1 was previously assigned to a νasym(COO-) mode because it
is largely insensitive to the global incorporation of 15N (32, 68, 69)
but downshifts by 30-35 cm-1 after global incorporation of
13C (32, 68-70). Of particular importance to this study, the large
positive band at 1509 cm-1 appears to consist of overlapping
amide II and νasym(COO-) modes (32, 68, 69). Similar 15N-
induced shifts are observed in CP43-E354Q PSII core complexes
(Figure 9B). In particular, the global incorporation of 15N down-
shifts the 1667 cm-1 feature to 1666 cm-1 and downshifts the
positive feature at 1551 cm-1 to 1537 cm-1. The magnitudes of

FIGURE 8: Comparison of the midfrequency S2-minus-S1 FTIR dif-
ference spectra of wild-type (black traces) and CP43-E354Q (red
traces) PSII core complexes purified and examined under a variety of
conditions. In (A), samples were purified in the presence of 1.2 M
betaine and 10% (v/v) glycerol, dark adapted for 18 h, and then
subjected to a single set of flashes at 273 K (data reproduced from
Figure 8, top set of traces). In (B), samples were purified in the
presence of 25% (v/v) glycerol, dark adapted for 2 h, and then given a
single flash at 250K [thewild-type andmutant samples correspond to
the averages of three samples (2400 scans) and four samples (3200
scans), respectively]. In (C), samples were purified in the presence of
25% (v/v) glycerol, dark adapted for 2 h, and then given 16 flashes
spaced 30 min apart at 273 K [the wild-type and mutant samples
correspond to the averages of four samples each (12800 scans each)].
In (D), samples were purified in the presence of 1.2 M betaine and
10% (v/v) glycerol, dark adapted for 2 h, and then given 16 flashes
spaced 30 min apart at 273 K [the wild-type and mutant samples
correspond to the averages of four samples each (12800 scans each)].
Within each panel, the spectra were normalized to the peak-to-peak
amplitudes of the negative ferricyanide peak at 2115 cm-1 and the
positive ferrocyanide peak at 2038 cm-1.
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these shifts (1 and 14 cm-1, respectively) are consistent with
the 1667 and 1551 cm-1 features corresponding to amide I and
amide II modes, respectively (32, 68, 69).

To isolate the vibrational modes altered by the CP43-E354Q
mutation and to display them more clearly, wild-type-minus
mutant double difference spectra were calculated for the four
experimental conditions shown in Figure 8. Included with these
double difference spectra (shown in Figure 10) are double dif-
ference spectra calculated with 15N-labeled wild-type andmutant
PSII core complexes that were examined under two of the experi-
mental conditions (blue traces in Figure 10A,C). As shown
previously (Figures 7 and 8), the CP43-E354Q mutation sub-
stantially diminishes the negative feature at 1747 cm-1. This
feature has recently been assigned to the carbonyl stretching
vibration (CdO) of a carboxylic acid residue whose pKA

decreases in response to the S1 to S2 transition (47). Of particular
interest to this study is the large negative band near 1524 cm-1

that appears in all of the double difference spectra. Because this
band is largely unaltered by the global incorporation of 15N
(Figure 10A,C), it must correspond to the νasym(COO-) mode of
a carboxylate residue that appears near 1524 cm-1 in the S1 state
inwild-type PSII preparations but that is eliminated by theCP43-
E354Q mutation. If the mutation eliminates this mode from the
S1 state, then the mutation must also eliminate it from the S2
state. Consequently, there should be a corresponding positive
peak in the double difference spectrum. It would be tempting to
assign the positive feature near 1508 cm-1 in the double dif-
ference spectra to the νasym(COO-) mode in the S2 state. Indeed,
this assignment was made by the authors of ref 28. However, the
global incorporation of 15N causes the 1508 cm-1 mode to down-
shift by 13-15 cm-1 (Figure 10A,C), showing that, although

both amide II and νasym(COO-) modes contribute to the 1504-
1509 feature in the wild-type S2-minus-S1 FTIR difference
spectra, it is the amide II mode that is altered by the CP43-
E354Q mutation, causing it to appear in the double difference
spectrum. Nevertheless, because the 1506-1508 cm-1 feature in
the double difference spectra is quite broad, we cannot exclude
the possibility that the νasym(COO-) mode of CP43-Glu354
also appears at 1506-1508 cm-1 in the double difference
spectra of the 15N-labeled samples (e.g., see Figure 10C, blue
trace at this frequency).

The large number of features present in the double difference
spectra (Figure 10) shows that the CP43-E354Q mutation

FIGURE 9: Comparison of the midfrequency S2-minus-S1 FTIR dif-
ference spectra of unlabeled (black traces) and 15N globally labeled
(blue traces) wild-type (A) andCP43-E354Q (B) PSII core complexes
in response to a single flash applied at 273K.The unlabeled spectra in
(A) and (B) are reproduced from Figure 7, top traces (black and red,
respectively). The 15N-labeled wild-type and CP43-E354Q spectra
represent the averages of nine (7200 scans) and eight samples (6400
scans), respectively. Samples were given a single flash at 273 K after
having been dark adapted for 18 h at the same temperature.

FIGURE 10: Comparison of the double difference spectra (wild-type-
minus-mutant) that were obtained by subtracting the S2-minus-S1
FTIR difference spectrum of unlabeled or 15N-labeled CP43-E354Q
PSII core complexes from the S2-minus-S1 FTIRdifference spectrum
of unlabeled or 15N-labeledwild-type PSII complexes recordedunder
each of the conditions shown in Figure 8. Double difference spectra
obtained by subtracting the spectra of unlabeled samples are shown
withblack lines.Doubledifference spectra obtainedby subtracting the
spectra of 15N-labeled samples are shown with blue lines. The
unlabeled double difference spectra in (A), (B), (C), and (D) were
obtained by directly subtracting the data of Figure 8A, 8B, 8C, and
8D, respectively. The 15N-labeled double difference spectrum in (A)
wasobtainedby subtracting the 15N-labeled spectra shown inFigure9.
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perturbs multiple carboxylate residues. To determine if the muta-
tion perturbs theR-COO- group ofD1-Ala344 at the C-terminus
of the D1 polypeptide, the frequency of this mode was deter-
mined by specifically labeling wild-type and CP43-E354Q PSII
core complexes with L-[1-13C]alanine (31, 33, 34, 66). A compar-
ison of the unlabeled and L-[1-13C]alanine-labeled S2-minus-S1
FTIR difference spectra of wild-type and CP43-E354Q PSII core
complexes is shown in Figure 11A,B. The positive feature at
1600 cm-1 in the L-[1-13C]alanine-labeled CP43-E354Q PSII core
particles (Figure 11B) is characteristic of Mn-depleted PSII (33)
and is consistent with our conclusions that only 76-82% of the
mutant PSII core complexes contain photooxidizable Mn4Ca
clusters (see above). In Mn-depleted PSII core complexes, the
incorporation of [1-13C]alanine produces no changes in the light-
minus-dark FTIR difference spectrum between 1450 and 1200
cm-1 (33). Consequently, the [1-13C]alanine-induced changes
that are apparent in the νsym(COO-) region of the S2-minus-S1
FTIR difference spectrum of CP43-E354Q PSII core com-
plexes (Figure 11B) can be attributed to mutant PSII com-
plexes that containMn4Ca clusters and not to PSII complexes
that lack Mn4Ca clusters.

To isolate the L-[1-13C]alanine-shifted νsym(COO-) modes and
to display them more clearly, the 12C-minus-13C double differ-
ence spectra of the region between 1380 and 1280 cm-1 in the
wild-type and mutant samples are presented in Figure 11C. The
data show that the positions of the L-[1-13C]alanine-shifted
modes are shifted 3-6 cm-1 to higher frequency in both the S1
and S2 states in CP43-E354Q PSII core complexes compared to

their positions in wild type, showing that the R-COO- group of
D1-Ala344 is perturbed by the CP43-E354Q mutation.4

SubstrateWaterExchangeData.The results of 18O exchange
measurements conducted with wild-type and CP43-E354Q
thylakoid membranes poised in the S3 state are shown in
Figure 12. The data revealed the biphasic kinetics that have been
observed in all other PSII preparations and that are characteristic
of the two substrate water binding sites (49, 71-75). The wild-
type (black circles) and CP43-E354Q (red circles) data are pres-
ented in Figure 12 along with the exchange kinetics, fit according
to eq 1 and depicted with solid lines. The extracted rate constants
are listed in Table 2. The inset to Figure 12 shows a shorter time
scale to better compare the kinetics of the fast phase. The ex-
change rate constants for the wild-type thylakoids were k1 =
0.47 ( 0.04 s-1 and k2 = 19.7 ( 1.3 s-1 for the slow and fast
phases, respectively. The exchange rates for the CP43-E354Q
thylakoids were k1 = 0.86( 0.35 s-1 and k2 = 167( 38 s-1 for
the slow and fast phases, respectively. Themost striking impact of
the CP43-E354Qmutation is its profound acceleration of the fast
exchange rate. The CP43-E354Q mutation accelerated the fast
phase of substratewater exchange, k2, by a factor of 8.5( 2.0 and
accelerated the slow phase, k1, by a factor of 1.8( 0.8. Evidently,
both substrate-binding sites are perturbed by the mutation, and
both interact more weakly with substrate water in the mutant in
the S3 state compared to wild type. However, the profound
acceleration in the fast phase underlies a far more significant
perturbation to the substrate water site that is in rapid exchange.

DISCUSSION

Our observation that CP43-E354Q thylakoid membranes
evolve O2 with normal S state parameters and release kinetics
shows that, in at least a fraction of CP43-E354Q PSII reaction

FIGURE 11: Comparison of the midfrequency S2-minus-S1 FTIR difference spectra of unlabeled (black traces) and L-[1-13C]alanine-labeled (red
traces) wild-type (A) or CP43-E354Q (B) PSII core complexes. Each sample was given a single flash at 273 K after having been dark adapted for
18 h at the same temperature. The spectra of the unlabeled wild-type and CP43-E354Q PSII core complexes have been normalized to the peak-
to-peak amplitudes of the negative ferricyanide peak at 2115 cm-1 and the positive ferrocyanide peak at 2038 cm-1. The unlabeled and
L-[1-13C]alanine-labeledwild-type spectra in (A) represent the averages of seven samples (5600 scans) and eight samples (6400 scans), respectively.
The unlabeled and L-[1-13C]alanine-labeled CP43-E354Q spectra in (B) each represent the averages of nine samples (7200 scans). Within each
panel, the spectra have been normalized to maximize their overlap between 1500 and 1350 cm-1. (C) shows the double difference spectra, 12C-
minus-13C, of wild-type (black trace) and CP43-E354Q (red trace) PSII core complexes that were obtained by subtracting the S2-minus-S1 FTIR
difference spectra of the L-[1-13C]alanine-labeled core complexes from the S2-minus-S1 FTIR difference spectra of the unlabeled core complexes
(the spectra shown in panels A and B were subtracted directly). Only the regions between 1380 and 1280 cm-1 are shown.

4Specific L-[1-13C]alanine labeling of PSII shifts the νsym(COO-)
mode of the R-COO- group of D1-Ala344 by either ∼19 or ∼36 cm-1

(31, 33, 34, 66). It is not yet possible to distinguish between these two
possibilities.
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centers, the S state transitions proceed normally. This fraction
was estimated to be about 20% on the basis of the steady-state
rate of O2 evolution in CP43-E354Q cells and the amplitudes of
the O2 flash yields in CP43-E354Q thylakoid membranes. In
contrast, between 76% and 82% of the purified CP43-E354Q
PSII core complexes contain photooxidizable Mn4Ca clusters, as
estimated on the basis of the amplitude of the mutant S2 state
multiline EPR signal and the amplitude of the mutant S2-minus-
S1 FTIR difference spectrum. Although both the EPR and FTIR
data provide evidence that a majority of CP43-E354Q PSII
reaction centers advance beyond the S2 state, the FTIR data
provide no evidence that a substantial fraction advances beyond
the S3 state. We conclude that the CP43-E354Q PSII reaction
centers are heterogeneous, with a minority able to evolve O2 with
normal S state parameters and O2 release kinetics and a majority
capable of achieving the S3 state but unable to advance beyond
the S3 state. Evidence for heterogeneity was also provided by the
decay kinetics of the S2 state. In the EPR samples, the S2 state
multiline EPR signal decayed with approximate half-times of
∼2.5 and >20 h, respectively. In the FTIR samples, the decay
times were much faster, with the S2 state decaying within 30 min
in most PSII reaction centers but requiring up to 10 h in others.
We presume that the difference in decay kinetics in the EPR and
FTIR samples reflects differences in the illumination protocols
employed for generating the S2 state and/or differences in the
buffers employed for the two sets of measurements. It should
be noted that a recent study of an independently constructed
CP43-E354Q mutation in Synechocystis sp. PCC 6803 reported
no apparent heterogeneity (28). However, the characterizations
reported in that study did not include measurements of O2 flash
yields, and it is unclear if the delayed luminescence data would
have been sensitive to a small (∼20%) fraction ofMn4Ca clusters
that evolve O2 with normal S state parameters.

What could be the reason for the heterogeneity our CP43-
E354Q PSII reaction centers? Proton-coupled electron transfer
processes are believed to provide the driving force for oxidizing
the Mn4Ca cluster in its higher oxidation states (7-10). Recent
models postulate that CP43-Arg357 (or D1-Asp61) serves as
a redox-activated catalytic base that facilitates the oxidation
of the Mn4Ca cluster during the S2 to S3 and S3 to S4 tran-
sitions (7, 13, 21, 22, 76-79). In these models, the formation of
YZ

• when the Mn4Ca cluster is in its S2 or S3 states triggers the
deprotonation of CP43-Arg357 (or D1-Asp61) to the thylakoid
lumen. Deprotonation to the lumen is necessary from energetic
considerations (80) and must take place via a network of
protonatable amino acid side chains and water molecules such as
those envisaged to exist in the potential proton egress channels
that have been identified in the X-ray crystallographic structural
models (1, 5, 81-84). Kinetically efficient proton transfer
through these channels requires finely tuned pKa differences
between key residues and transient formation of clusters of water
molecules (80, 85-87). An alteration of these pKa values may
slow oxidation of the Mn4Ca cluster in the same manner that
mutations that impair proton uptake also slow the transfer of an
electron from QA

•- to QB
•- in reaction centers of Rhodobacter

sphaeroides (88-90) and the reduction of O2 to H2O in cyto-
chrome c oxidase (91-93). The heterogeneity of CP43-E354Q
may arise from amutation-induced alteration of the pKa value(s)
of one or more key residues that alters the static or dynamic
properties of a network of hydrogen bonds that comprises part of
a dominant proton egress channel.

A mutation-induced alteration of a network of hydrogen
bonds in the vicinity of the Mn4Ca cluster is evident from the
S2-minus-S1 FTIRdifference spectrumof CP43-E354QPSII core
complexes. The data, obtained under a variety of conditions
(Figure 10), show that the mutation substantially diminishes or
eliminates the negative feature at 1747 cm-1 that was recently
assigned to a carboxylate group whose pKa decreases during the
S1 to S2 transition (47). This carboxylate group participates in a
network of hydrogen bonds that extends at least 20 Å across the
lumenal face of the Mn4Ca cluster and includes D1-Asp61, D1-
Glu65, D1-Glu329, and D2-Glu312 and presumably also in-
cludes the Cl ion that is coordinated byD2-Lys317 (47). The near
or complete elimination of the negative feature at 1747 cm-1

suggests that CP43-Glu354 participates in the same network and
shows that the CP43-E354Q mutation disrupts the network
sufficiently that, in at least a majority of PSII reaction centers,
the structural perturbations associatedwith the S1 to S2 transition
are no longer transmitted to the carboxylate group that gives rise
to the 1747 cm-1 band.

An unusually stable S2 state is also characteristic of PSII
preparations that have been depleted of Ca in the presence of the
flexible polycarboxylic acids EDTA, EGTA, or citrate (94-97).
The inability of these Ca-depleted PSII preparations to advance
beyond the S2YZ

• state, and the unusual stability of the S2 state in
these preparations, has been attributed to the participation of
the Ca ion in the network of hydrogen bonds that facilitates the
oxidation of the Mn4Ca cluster in its higher oxidation states
(98, 99). Consequently, the unusually stability of the S2 state in
CP43-E354Q PSII core complexes may also reflect a mutation-
induced alteration to the pKa values of residues involved in the
deprotonation reactions that facilitate oxidation of the Mn4Ca
cluster in its higher oxidation states.

The small differences between the wild-type and mutant Mn
XANES and Mn EXAFS spectra show that the geometric

FIGURE 12: 18O exchange measurements in the S3 state of wild-type
(black circles and line) and CP43-E354Q (red circles and line)
thylakoid membranes. The data are shown as filled circles with the
kinetic fit shown by a line. The inset shows the same data plotted on a
shorter expanded time scale to show the fast phase of exchange.

Table 2: Rate Constants for 18O Exchange in the S3 State ofWild-Type and

CP43-E354Q Thylakoid Membranes from Synechocystis sp. PCC 6803a

sample k1 (s
-1) k2 (s

-1)

WT 0.47( 0.04 19.7( 1.3

CP43-E354Q 0.86( 0.35 167( 38

aBuffer solution medium: 40 mMMES, pH 6.5, 15 mMMgCl2, 15 mM
CaCl2, 10% glycerol, and 1.2 M betaine.
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structure and electronic characteristics of the Mn4Ca cluster are
only subtly perturbed by the CP43-E354Q mutation. The light-
driven assembly of the Mn4Ca cluster involves the binding and
photooxidation of a single Mn(II) ion to Mn(III), followed
by protein structural rearrangements that create or increase the
affinity of the binding sites for the additionalMn(II) ions and the
Ca ion (100, 101). After these ions bind, the Mn ions are photo-
oxidized to theirMn(III/IV) oxidation states characteristic of the
physiological S states. Evidently, the elimination of a negatively
charged glutamate residue at position 354 of the CP43 polypep-
tide has little effect on the cluster’s ability to assemble and to
achieve its native conformation, at least in the S1 and S2 states. In
contrast, the D1-H332Emutation of Synechocystis sp. PCC 6803
substantially alters both the geometric structure and electronic
characteristics of the Mn4Ca cluster, shifting the Mn K-edge
energy to a lower energy and elongating the Mn-Mn and Mn-
ligand interactions to a far greater extent than are caused by any
biochemical treatment (e.g., removal of Ca, exchange of Sr for
Ca, or inhibition with NH3) (102). In the case of the D1-H332E
mutation, these substantial alterations were interpreted in terms
of a negatively charged carboxylate oxygen replacing the τ
histidyl nitrogen of D1-His332 as a ligand to a Mn(III) or
Mn(IV) ion (102). In the case of the CP43-E354Q mutation,
because of the insensitivity of the Mn XANES and Mn EXAFS
to the mutation, it remains an open question whether the
carboxylate oxygen(s) of Glu354 is (are) replaced by the carbonyl
oxygen and/or amine nitrogen of Gln or by one (or two) small
molecule(s) (e.g., water), or if theMn ion(s) become(s) coordina-
tion deficient in the mutant.

The similarity of the S2 statemultiline EPR signals of wild-type
and CP43-E354Q PSII core complexes also shows that the muta-
tion has little effect on the structure or electronic properties of the
Mn4Ca cluster in the S2 state. The small differences between the
appearance of the wild-type and mutant spectra show that the
magnetic interactions that give rise to the S2 state multiline EPR
signal (103-105) are only subtly altered by the CP43-E354Q
mutation. In contrast, both the Synechocystis D1-H332E muta-
tion (30, 106) and the substitution of Sr for Ca (e.g., refs 34
and 107) substantially perturb these interactions and substan-
tially alter the appearance of the S2 state multiline EPR signal.
The spectral features of the mutant S1 state multiline EPR signal
below 375 G and above 650 G could not be obtained reprodu-
cibly. Consequently, it cannot be concluded that the signal is the
same as in wild type. Nevertheless, the similarity of the wild-type
andmutant spectra between 375 and 650G in terms of both peak
positions and spacings suggests that the magnetic interactions
that give rise to this signal are also only subtly altered by the
CP43-E354Q mutation.

Our FTIR data show that the CP43-E354Q mutation intro-
duces far more perturbations into the environment of theMn4Ca
cluster that than are introduced by mutations that have been
constructed at other putative cluster ligands such as D1-
Asp170 (44, 62), D1-Glu189 (45, 63), D1-Asp342 (31), and the
R-COO- group of D1-Ala344 (33, 64-66). In particular, the
S2-minus-S1 FTIR difference spectrumofCP43-E354QPSII core
complexes showed alterations throughout the amide II, νasym-
(COO-), and νsym(COO-) regions. This was true whether the
PSII core complexes were purified in the presence of 1.2 M
betaine or 25% (v/v) glycerol, whether the samples were dark
adapted for 18 or 2 h, or whether the samples were illuminated
only once or repeatedly with 30 min of dark adaptation between
flashes. Global labeling with 15N showed that the CP43-E354Q

mutation perturbs both amide II and carboxylate stretching
modes. Specific labeling with L-[1-13C]alanine showed that the
CP43-E354Q mutation shifts the νsym(COO-) mode of the
R-COO- group of D1-Ala344 to higher frequencies by 3-6 cm-1

in both the S1 and S2 states. These data are an indication that the
CP43-E354Qmutation perturbs multiple carboxylate groups in the
vicinity of the Mn4Ca cluster. Because the νsym(COO

-) mode of
the R-COO- group of D1-Ala344 downshifts in frequency during
the S1 to S2 transition to approximately the same extent in both
wild-type and CP43-E354Q PSII core complexes, these data also
show that the sameMn ion undergoes oxidation during the S1 to S2
transition in the mutant as in wild type.5

As noted earlier, the S2-minus-S1 FTIR difference spectrum of
CP43-E354Q PSII core complexes that was published recently by
Shimada et al. (28) has fewer differences with wild type than our
mutant spectrum. Because ourwild-type andmutant S2-minus-S1
FTIR difference spectra were essentially the same regardless of
sample purification buffer, time of dark adaptation, or whether
the samples were illuminated once or multiple times, the reasons
for the differences between the spectra presented in ref 28 and the
current study remain unknown. In ref 28, the four largest fea-
tures in the wild-type-minus-mutant double difference spectrum
were assigned to the νasym(COO-) and νsym(COO-) modes of
CP43-E354Q on the basis of their insensitivity to D2O/H2O
exchange (28). In that study, the negative features at 1525 and
1394 cm-1 were assigned to the νasym(COO-) and νsym(COO-)
modes of CP43-E354Q in the S1 state, respectively, and the posi-
tive features at 1502 and 1431 cm-1 were assigned to the νasym-
(COO-) and νsym(COO-) modes of CP43-E354Q in the S2 state,
respectively (28).On the basis of these assignments, CP43-Glu354
was proposed to bridge two Mn ions in the S1 state and shift to
chelating bidentate coordination of a single Mn ion in the S2
state (28).

However, we consistently observed more features in the νsym-
(COO-) region of our double difference spectra than the authors
of ref 28. In particular, our double difference spectra contain
an extra pair of bands at 1406(þ) and 1416(-) cm-1 that are as
intense as those at 1429(þ) and 1395(-) cm-1. Consequently, we
were unable to uniquely assign a particular νsym(COO-) mode to
CP43-Glu354 in either the S1 or S2 states. In addition, we could
not identify the νasym(COO-) mode of CP43-Glu354 in the S2
state. Although the authors of ref 28 assigned a positive feature
at 1502 cm-1 to this mode, we observed that the corresponding
feature in our double difference spectra (appearing at 1506-
1508 cm-1) downshifted by 14-15 cm-1 after global labeling
with 15N, consistent with the assignment of this feature to an
amide II mode but incompatible with the assignment of this fea-
ture to a carboxylatemode. Because the 1506-1508 cm-1 feature
is quite broad, we cannot exclude the possibility that the νasym-
(COO-) mode of CP43-Glu354 appears at this frequency and
underlies the amide II mode in the double difference spectrum
of the 15N-labeled samples. However, a more straightforward

5The spectrum reported in a preliminary version of this study (27) as
corresponding to the S2-minus-S1 FTIR difference spectrum in CP43-
E354Q PSII core complexes actually corresponds most closely to the S3-
minus-S2 FTIR difference spectrum. The error arose because of the
unusual stability of the S2 state in the mutant and because the samples
examined in ref 27 were given a preflash 5 min before measurement.
Consequently, two conclusions stated in ref 27, namely, that a different
Mn ion undergoes oxidation during the S1 to S2 transition in the
mutant and that different functional groups necessarily give rise to the
1400(-) cm-1 and 1588(þ) cm-1 bands in the wild-type S2-minus-S1
FTIR difference spectrum, are invalid.
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interpretation of our 15N data is that the positive feature at
1506-1508 cm-1 in our double difference spectrum corresponds
solely to an amide II mode. This would imply that the νasym-
(COO-) mode of CP43-Glu354 in the S2 state appears elsewhere
in the spectrum and is obscured by the amide II or νasym(COO-)
mode of another residue that is perturbed by the mutation.

Our data show that the CP43-E354Q mutation eliminates a
νasym(COO-) mode at 1524 cm-1 from the wild-type S2-minus-S1
FTIR difference spectrum. We assign this mode to the νasym-
(COO-) mode of CP43-Glu354 in the S1 state, in agreement with
the authors of ref 28. The presence of this mode in the S2-minus-
S1 FTIR difference spectrum of wild type shows that the car-
boxylate group of CP43-Glu354 is perturbed by the electrostatic
influences that arise from the positive charge that develops on the
Mn4Ca cluster during the S1 to S2 transition. The elimination
of this mode by the CP43-E354Q mutation is consistent with
ligation of theMn4Ca cluster byCP43-Glu354. This conclusion is
in agreement with the authors of ref 28 and supports a recent
predictionmade on the basis ofQM/MMcalculations that CP43-
Glu354 ligates along the Jahn-Teller axis of a Mn(III) ion
and that its νasym(COO-) mode shifts during the S1 to S2
transition (22, 78).

The frequencies of the νasym(COO-) and νsym(COO-) modes
in metal-carboxylate complexes and the difference in frequency
between them, Δν, vary significantly with the metal ion and the
type of carboxylate coordination (108-112). The νsym(COO-)
and νasym(COO-) modes of free ionic Glu and Asp residues
generally appear near 1402-1404 cm-1 and between 1556 and
1579 cm-1, respectively, corresponding to Δν = 152-177 cm-1

(113-116). Indeed, having Δν≈ 160 cm-1 is typical of free ionic
carboxylates. Unidentate ligation of a metal ion generally shifts
the νsym(COO-) and νasym(COO-) modes to lower and higher
frequencies, respectively, increasing Δν to more than 200 cm-1

(108-112). Bidentate chelating coordination (characterized by
both carboxylate oxygens ligating a single metal ion) generally
shifts the νsym(COO-) and νasym(COO-) modes to higher and
lower frequencies, respectively, resulting in Δν < 100 cm-1

(108-112). Bidentate bridging ligation (characterized by the car-
boxylate group bridging two metal ions) can shift the νsym-
(COO-) and νasym(COO-) modes in either direction and typi-
cally results in Δν being similar to the values found in free ionic
carboxylates (108-112). Because the νasym(COO-) mode of
CP43-Glu354 appears at ∼1524 cm-1 in the S1 state, a
frequency much lower than that of free ionic Asp and Glu
residues, our data are inconsistent with unidentate coordina-
tion of CP43-Glu354 to a single metal ion, at least in the S1
state. If the νsym(COO-) of CP43-Glu354 in the S1 state
corresponds to one of the negative bands observed at 1416,
1395, or 1351 cm-1 in our wild-type-minus-mutant double
difference spectra, then our data would be most consistent
with CP43-Glu354 bridging two metal ions, such as depicted
in the 3.0 and 2.9 Å crystallographic structural models (and in
the recently announced 1.9 Å structural model; see footnote 2).
Consequently, our data support the conclusion of ref 28
that CP43-Glu354 serves as a bridging ligand between two
Mn ions. However, because we cannot attribute the positive
feature at 1506-1508 cm-1 in our double difference spectra to
the νasym(COO-) mode of CP43-Glu354 in the S2 state and
cannot uniquely assign specific νsym(COO-) modes to CP43-
Glu354, we cannot confirm another conclusion of ref 28, that
the CP43-Glu354 residue changes its coordination mode
during the S1 to S2 transition.We would note that 15N labeling

is more reliable than D2O/H2O exchange for differentiating
amide II from νasym(COO-) modes because 15N labeling does
not rely on D2O replacing H2O in all regions of an assembled
protein complex.

One of the most striking results of the FTIR studies on PSII to
date is the stunning insensitivity of the individual FTIR differ-
ence spectra to the mutation of at least three of the Mn4Ca
cluster’s six putative carboxylate ligands. Not only do mutations
of D1-Asp170 (44, 62), D1-Glu189 (45, 63), and D1-Asp342 (31)
fail to eliminate any carboxylate vibrational stretching modes,
they fail to produce significant changes in polypeptide backbone
conformations as shown by the lack of significant mutation-
induced alterations to the amide I and amide II regions of the
spectra.Whereas some of the features in the Snþ1-minus-SnFTIR
difference spectra of PSII clearly correspond to first coordination
sphere ligands (i.e., CP43-Glu354 and the R-COO- group of
D1-Ala344), the majority of these features evidently correspond
to residues in the cluster’s second coordination sphere and
beyond and reflect the response of the protein to the positive
charge that develops on the Mn4Ca cluster during the S1 to S2
transition (e.g., see ref 47) and to the structural changes that are
associated with the S2 to S3, S3 to S0, and S0 to S1 transitions.

The exchange rates of the rapidly exchanging and slowly
exchanging substrate water molecules in the S3 state were
increased 8.5-fold and 1.8-fold in CP43-E354Q thylakoid mem-
branes, respectively. These results show that the CP43-E354Q
mutation weakens the binding of both substrate water molecules
to their respective binding sites in the S3 state, especially that of
the more rapidly exchanging substrate water molecule. The 8.5-
fold acceleration is the largest perturbation to the rapid exchange
rate yet observed in any system. In earlier work, we considered
whether the substrate water molecule in fast exchange was kinet-
ically limited by (i) substrate diffusion into/out of the catalytic
site or (ii) metal ligand exchange (49, 50, 75, 117). Either pos-
sibility would be kinetically tenable, with the former possibility
implying rapid ligand exchange followed by kinetically limiting
substrate accessibility. Conversely, the substrate water molecule
in slow exchange was argued to be kinetically limited by metal
ligand exchange. Recent molecular dynamics simulations of
water diffusion in PSII provide evidence that substrate entry
takes place many orders of magnitude faster than the measured
rates of substrate water exchange (118). Consequently, the mea-
sured exchange rates for both substrate water molecules must
reflect metal-ligand oxygen exchange rates. The rates of metal
ligand exchange depend on many factors including the charge
and ionic radius of the metal ion, the electronic occupancy of
the d orbitals, the degree of protonation of the bound water
molecule, and the degree of protonation of neighboring ligands
(75, 117). Despite our limited knowledge of these factors with
respect to the Mn4Ca cluster in PSII, the fact that the CP43-
E354Q mutation substantially perturbs the exchange rate of
the rapidly exchanging substrate water molecule provides strong
evidence that CP43-Glu354 interacts with a substrate water-
derived ligand in the S3 state. Whether this interaction is direct or
indirect remains unclear. If the interaction is direct (i.e., if CP43-
Glu354 coordinates to the Mn ion that binds the substrate water
that is in fast exchange), then the Mn-oxygen bond must be
weakened by the change in Mn ligation produced by the CP43-
E354Q mutation. If the interaction is indirect (i.e., if CP43-
Glu354 interacts with a substrate water molecule on a different
metal ion via one or more hydrogen bonds), then the metal-
oxygen bond must be weakened because of changes to the
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hydrogen bonds that connect the water molecule to CP43-Glu354.
Both possibilities are potentially feasible and both imply a
close association of the substrate water-derived oxygen ligand
with CP43-Glu354. On the basis of earlier estimates of sub-
strate water-metal bond strengths derived from an analysis of
Arrhenius parameters with transition state theory (50), the 8.5-
fold increase in exchange rate corresponds to an approximately
5.3 kJ/mol decrease in the barrier to ligand exchange, corre-
sponding to a 14% decrease in the total predicted bond enthalpy.
A change in predicted bond enthalpy of this magnitude can
readily be accommodated by a change in the first coordination
sphere of a metal ion; for example, replacing Glu with Gln could
produce either cis or trans ligand effects on a substrate water
molecule orwater-derived ligand such as a μ-oxo bridge (75, 119).
It might also be accommodated by a change in the second
coordination sphere (i.e., to the hydrogen bonds that interact
with the substrate water molecule), but we are unaware of any
documented examples of this in the inorganic literature.

The identification of water molecules coordinated to Mn or
Ca in high-resolutionX-ray crystallographic structural models of
PSII (e.g., see footnote 2) would be highly significant because two
of these water molecules may ultimately provide the substrate
oxygen atoms for the O-O bond. Mass spectrometry studies of
H2

18O exchange have shown that both substrate water molecules
are already bound in the S2 state and that these are bound in
different chemical forms or environments (e.g., to different metal
ions) (50, 120).However, the precise chemical nature of thiswater
molecule (i.e., whether it corresponds to a terminal water mole-
cule, to a water-derived metal ligand such as a terminal hydroxo
or oxo species, or to a μ-oxo bridge between two metal ions)
remains to be established, although a terminal species has been
advocated on the basis of rate constants and activation ener-
gies (50, 75). The final unresolved question central to the chem-
istry of water oxidation is whether both substrate oxygen atoms
correspond to the terminal water molecules detected in FTIR
studies (121-123) or if at least one corresponds to a μ-oxo bridge
between two Mn ions, as proposed on the basis of pulsed EPR
studies employing 17O and 2H (124, 125).

Our discovery that the CP43-E354Q mutation perturbs the
substrate water molecule (or water-derived ligand) that is in fast
exchange complements the data presented in the recent FTIR
study of Shimada et al. (28). The authors of this study examined
the weakly H-bonded O-H stretching region of the S2-minus-S1
FTIR difference spectrum of wild-type and CP43-E354Q PSII
particles and concluded that a water molecule binds to the same
Mn ion that is ligated by CP43-Glu354, although an indirect
interaction via hydrogen bonds was not excluded. Our mass
spectrometry data are consistent with these results and addition-
ally show that the water molecule detected in ref 28 and in ear-
lier FTIR studies (121, 122) corresponds to a substrate water
molecule. One interesting aspect of our 18O exchange measure-
ments is that the substantially accelerated rates of substrate water
exchange in the S3 state have no apparent effect on the S state
parameters or O2 release kinetics that were measured polarogra-
phically. This lack of correlation implies that the binding affini-
ties of the substrate water molecules in the S3 state do not factor
in the rate-limiting step of O-O bond formation.

SUMMARY AND CONCLUSIONS

Mutant CP43-E354Q PSII reaction centers are heterogeneous,
with a minority able to evolve O2 with normal S state parameters

and O2 release kinetics and a majority capable of achieving the
S3 state but unable to advance beyond the S3 state. Although
bothEPR andX-ray absorption data show that the CP43-E354Q
mutation only subtly perturbs the structure and electronic pro-
perties of the Mn4Ca cluster in the S1 and S2 states, FTIR and
H2

18O exchange data show that CP43-Glu354 interacts with the
Mn4Ca cluster sufficiently that the CP43-E354Q mutation per-
turbs numerous amide and carboxylate stretching modes and
weakens the binding of both substrate watermolecules, especially
the one that exchanges rapidly. Our FTIR data provide evidence
that CP43-Glu354 coordinates to the Mn4Ca cluster in the S1
state as a bridging ligand between two metal ions but provide no
compelling evidence that this residue changes its coordination
mode during the S1 to S2 transition. Our H2

18O exchange data
additionally provide evidence that CP43-Glu354 interacts with
the Mn ion that ligates the substrate water molecule (or water-
derived ligand) that undergoes rapid exchange in the S3 state.
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